In soil, the way biotic parameters impact the relationship between bacterial diversity and function is still unknown. To understand these interactions better, we used RNA-based stable-isotope probing to study the diversity of active atrazine-degrading bacteria in relation to atrazine degradation and to explore the impact of earthworm-soil engineering with respect to this relationship. Bulk soil, burrow linings and earthworm casts were incubated with 13 C-atrazine. The pollutant degradation was quantified by liquid chromatography-mass spectrometry for 8 days, whereas active atrazine degraders were identified at 2 and 8 days by sequencing the 16S ribosomal RNA in the 13 C-RNA fractions from the three soil microsites. An original diversity of atrazine degraders was found. Earthworm soil engineering greatly modified the taxonomic composition of atrazine degraders with dominance of a-, b-and c-proteobacteria in burrow linings and of Actinobacteria in casts. Earthworm soil bioturbation increased the c-diversity of atrazine degraders over the soil microsites generated. Atrazine degradation was enhanced in burrow linings in which primary atrazine degraders, closely related to Pelomonas aquatica, were detected only 2 days after atrazine addition. Atrazine degradation efficiency was not linearly related to the species richness of degraders but likely relied on keystone species. By enhancing soil heterogeneity, earthworms sustained high phylogenetic bacterial diversity and exerted a biotic control on the bacterial diversity-function relationships. Our findings call for future investigations to assess the ecological significance of biotic controls on the relationships between diversity and function on ecosystem properties and services (for example, soil detoxification) at larger scales.
Introduction
Ecological theories have mainly been developed to address questions about macroorganisms. However, given that microorganisms play a significant role in virtually every ecosystem, the extent to which these theories apply to the microbial world is of concern. Microorganisms should be used to test general ecological theories in better-controlled and more manipulable experimental systems . Such experiments could prove existing theories, test whether they can be generalised between unicellular and multicellular organisms and could provide new findings of wide importance in ecology and evolution at various time and spatial scales (Beaumont et al., 2009) .
In soil ecosystems, a better understanding of microbial community structure, function and biotic and abiotic interactions is of interest, as microorganisms play a critical role in biogeochemical cycling and are drivers of soil ecosystem functioning and services. Soil microorganisms take part in B90% of the processes occurring in soil (Nannipieri et al., 2003) . This dependency of terrestrial ecosystem functioning on microorganisms implies that changes in microbial diversity should have a significant impact on the ecosystem performance. Different relationships between diversity and ecosystem function have been proposed so far (Peterson et al., 1998) . With regard to soil microorganisms, previous studies have shown that the activity of different functional groups is not affected by a decline in soil microbial diversity (Griffiths et al., 2001; Wertz et al., 2006 Wertz et al., , 2007 . These results indicate high stability of the studied soil systems and suggest the existence of functional redundancy among soil microorganisms, leading to ecosystem resistance and resilience (Walker, 1995) . However, functional redundancy is likely more limited within specialised rather than global processes (Swift et al., 2004) . At a local scale, in situations where general and specialised ecological functions are taken into account, and where the environment is changing because of biotic and abiotic factors, other ecological theories such as the rivet hypothesis may be more appropriate. The rivet hypothesis predicts less strongly saturating associations between diversity and ecological function (Ehrlich and Ehrlich, 1981) . A way to test the applicability of these diversity-function relationship theories to microbial ecology is to identify the microorganisms actively involved in a particular function in connection with different environmental parameters. This can now be addressed thanks to the recent development of new molecular tools such as stable-isotope probing (SIP) of environmental nucleic acids (DNA or RNA) (Radajewski et al., 2000) . RNA-based SIP has thus been used to study different degrading microorganisms in different environments or to determine the selective impact of organic molecule addition on active bacterial communities in soil (for example, Manefield et al., 2002; Monard et al., 2008a; Vandenkoornhuyse et al., 2007) .
In soil, bacterial communities are closely shaped by the biological reworking of the soil matrix performed by inhabiting macroorganisms, such as plant roots or macrofauna (Jones et al., 1997; Meysman et al., 2006) . By engineering the soil, earthworms generate various soil microsites that differ from the bulk soil in terms of microporosity, moisture, nutrient content or oxygenation (Pivetz and Steenhuis, 1995; Devliegher and Verstraete, 1997; Decaëns et al., 1999; Blanchart et al., 2004; Le Bayon and Binet, 2006) . Earthworms thus cause, in part, the intrinsic soil heterogeneity that is known to be an important factor influencing microbial abundance, diversity and activity as proposed by the niche-based microbial response theory (Furlong et al., 2002; Ramette and Tiedje, 2007; Monard et al., 2008b) . It can therefore be hypothesised that soil bioturbation resulting from earthworm activity may significantly improve soil functioning by increasing the g-diversity within functional groups and the associated functional redundancy.
In this study, RNA-based SIP was used to test the hypothesis that changes occurring in soil bacterial diversity due to biotic interactions, such as earthworm bioturbation, induce significant modifications in soil functioning. We focused on the pollutant degradation service sustained by soil, and atrazine was chosen as model organic molecule. It has been shown that atrazine biodegradation can be carried out by individual strains of bacteria, but catabolic pathways involving bacterial consortia are likely to be more common in soils (de Souza et al., 1998a; Smith et al., 2005; Chirnside et al., 2007; Kolic et al., 2007) . We thus analysed the relationships between active atrazine degrader diversity and the specific atrazine degradation function under biotic control generated by earthworms. RNA-based SIP was used by applying 13 C-labelled atrazine to bulk soil and soil engineered by earthworms (casts and burrow linings). The active atrazine degrader diversity was determined after 2 and 8 days following atrazine soil treatment by analysing the 16S ribosomal RNA sequences in 13 C-labelled RNA. Liquid chromatography-mass spectrometry was simultaneously performed to measure 13 C-atrazine degradation in the samples. We demonstrated that earthworm soil engineering, by enhancing soil heterogeneity, increased the soil bacterial g-diversity as well as a high atrazine-degrading bacterial diversity, and thus exerted a biotic control on the bacterial diversity-function relationship. Atrazine degradation efficiency was shown not to be linearly related to the species richness of degraders but relied mostly on keystone species pertaining to a larger consortium.
Materials and methods

Soil microcosms
Soil was collected from the 0-30 cm top horizon layer at the agricultural site of the Institut National de Recherche Agronomique (Epoisses, France). This soil was a clay loam (sand 6.7%, silt 47.2% and clay 46.1%) and had a pH of 6.7. The collected fresh soil was sieved at 4 mm and stored at 4 1C until use. Soil microcosms were prepared as described by Binet and Trehen (1992) . Each microcosm (PVC cylinder; 15 cm high and 12 cm diameter) was filled with 2280 g of 4 mm-sieved fresh soil (water content of 22% w/w). The soil in each microcosm was compacted to a bulk density of 1.46 g cm À3 . The microcosms were placed in a climate chamber at 15 1C under a 12:12 h night/day photoperiod. After 1 day, three adult specimens of the earthworm species Lumbricus terrestris were added to the soil surface with a total average biomass of 8.2±0.3 g per microcosm. Every 2 days, earthworm surface casts were harvested and stored at À20 1C until use. After 20 days of earthworm addition, soil microcosms were destroyed for sampling. The bulk soil not burrowed by earthworms and the burrow linings, corresponding to the 1 mm thickness of soil carefully collected with a fine spatula from the sides of the entire burrow network, were sampled and stored at À20 1C until use for atrazine treatment and SIP analysis. It is likely that freezing can cause biases in bacterial diversity, but the biases, if they exist, are expected to be of the same range throughout the samples. In addition, this storage strategy has been shown to provide a good representation of the initial state (Stenberg et al., 1998) .
Soil microsite atrazine treatments
The water content of the three soil microsites (bulk soil, burrow linings and casts) was adjusted to 0.5 g water per g dry soil (105 1C). Subsequently, 12 g of each moistened soil microsite were treated with 25 mg of atrazine (chemical purity 98%, Syngenta Crop Protection, Basel, Switzerland) per g of dry soil. The soil samples were then placed in a sterile glass jar and preincubated at 20 1C in the dark for 20 days.
Each pretreated sample was then treated with 25 mg of 13 C-chain-labelled atrazine (chemical purity 97%, isotopic enrichment 98%, Innovation & Chimie Fine, Manosque, France) per g of dry soil and incubated at 20 1C in the dark.
13 C-atrazine degradation was monitored for 8 days, whereas RNA was extracted after 2 and 8 days following atrazine treatment. Additional control experiments with unlabelled atrazine were performed on bulk soil to ensure the absence of 13 C-RNA in heavy fraction of the density gradient.
Degradation monitoring of 13 C-atrazine and metabolites To monitor atrazine degradation, 13 C-atrazine along with its metabolites ( 13 C-hydroxyatrazine, 13 C-deethylatrazine and 13 C-deisopropylatrazine) were measured in the soil microsites for the time course of the incubation by liquid chromatographymass spectrometry (Waters alliance 2690, Waters, Saint Quentin en Yvelines, France). To do so, 250 mg of soil sample were dissolved in 1 l of mineral water. After 15 min of ultrasound treatment, the sample was mixed during 1 h and subjected to 15 min ultrasound treatment again. Subsamples of 50 ml of the mixture were diluted 10 times, shaken during 15 min and 5 ml were collected and mixed with 10 ml of a methoprothryne solution (20 mg l À1 ). Atrazine and its metabolites were then selectively extracted by solid phase extraction with Oasis hydrophiliclipophilic balance extraction cartridges (200 mg, 6 ml, Waters), preconditioned with 6 ml CH 2 Cl 2 / CH 3 CN (60/40) and 6 ml MeOH, followed by 6 ml of ultrapure water. Two elutions with 5 ml of CH 2 Cl 2 / CH 3 CN (60/40) were performed and concentrated to 1 ml by gentle nitrogen stream evaporation. To avoid extract to dry up, evaporation was performed to a final volume of 10 ml, subsequently adjusted to 1 ml with H 2 O/CH 3 CN (90/10) acidified (0.1% formic acid). This sample was analysed by liquid chromatography-mass spectrometry. Atrazine and metabolites were separated on a column X Terra MS C 18 (Waters, Saint Quentin en Yvelines, France); 150 Â 2.1 mm, 3.5 mm particle size at 35 1C. A binary mobile phase gradient (ultrapure water with 0.1% formic acid and CH 3 CN with 0.1% formic acid) was used for pesticide separation. A simple quadrupole mass spectrometer model ZQ (Waters-Micromass, Saint Quentin en Yvelines, France) equipped with an electrospray source coupled with high-performance liquid chromatography was employed. For ion monitoring, the cone voltage was optimised by continuous infusion to achieve the highest sensitivity possible.
Soil RNA extraction RNA was extracted from 250 mg of fresh soil after 2 and 8 days of incubation according to Monard et al. (2010) . The RNA pellets were washed in 75% ethanol, dried and resuspended in 50 ml of ultrapure DNase-and RNase-free water. RNA was quantified at 260 nm, and RNA purity was estimated by calculating the ratio between the absorbance at 260 and 280 nm (NanoDrop Technologies, Wilmington, DE, USA). RNAs were aliquoted and stored at À80 1C.
Density gradient centrifugation and fractionation
Isopycnic centrifugation was performed with 50 ng purified RNA according to Vandenkoornhuyse et al. (2007) . Representative fractions of 12 C-(light density fraction, 1.77-1.79 g ml À1 ) and 13 C-labeled (heavy density fraction, 1.83-1.85 g ml À1 ) RNAs, in agreement with Whiteley et al. (2007) and Vandenkoornhuyse et al. (2007) , were carefully taken along the ultracentrifugation gradient using syringe and needles. The position of the two fractions along the density gradient was determined by previous bacterial culture experiments with 12 C-and 13 Clabeled glucose (Supplementary Information). Furthermore, unlabelled control samples were used to check the absence of RNA within the heavy fractions (see reverse transcriptase-PCR section below). Each RNA fraction was precipitated with two volumes of isopropanol. After centrifugation, the pellets were washed in 75% ethanol, dried and redissolved in 25 ml ultrapure water.
Reverse transcriptase-PCR From 12 C-RNA and 13 C-RNA templates, reverse transcriptase-PCRs were performed from an aliquot of 4 ml of RNA using the Titan One Tube RT-PCR Kit (Roche Applied Science, Mannheim, Germany). The reaction was carried out in a final volume of 50 ml with 10 pmol of the primers Eub_519f and Eub_1390r (Eurofins MWG Operon, Ebersberg, Germany) specific for bacteria (modified in Orphan et al., 2000; Vandenkoornhuyse et al., 2007) . Similarly to our previous studies (Vandenkoornhuyse et al., 2007; Monard et al., 2008a) , no amplified fragments were detected in the heavy density fraction collected from the control experiment with unlabelled RNA.
Cloning and sequencing
The amplified fragments were ligated in the pGEM-T vector (Promega, Madison, WI, USA), and DH5a Library efficiency competent cells (Invitrogen, Carlsbad, CA, USA) were transformed by heat shock. Cells were grown in Luria-Bertani medium at 37 1C overnight. The culture medium was supplemented with ampicillin (125 mg l À1 ), isopropyl b-D-1-thiogalactopyranoside (0.1 mM) and X-Gal (20 mg l À1 ). From each clone library, both strands of 135-to 219-positive clones were sequenced (Genoscreen, Lille, France) using the T7 and SP6 primers. The two sequences were aligned, and each nucleotide position was checked using Sequencher 4.6 (GeneCodes, Ann Arbor, MI, USA). Sequences were searched for possible chimeric sequences (Chimera Check, http://www.mothur.org/). The sequences were submitted to the GenBank database under accession numbers GU290552-GU291238.
Diversity and phylogenetic analyses a-and g-Diversities were estimated using Shannon's information measure H 0 for each and for all soil microsites, respectively. The specific richness S was expressed as the number of phylotypes, and the b-diversity was determined as the Sørensen's similarity index between earthworm soil microsites (burrow linings and casts) and bulk soil.
Rarefaction curves were computed for each data set (Supplementary Figure S1) . The number of species was quantified for 100 random combination of 1 to N sequences and also by performing 100 bootstrap pseudoreplicates implemented in estimates (Colwell et al., 2004) . Multiple alignments were implemented with CLUSTALX (Thompson et al., 1997) and refined by hand. Analyses of influence function were performed to remove outlying nucleotides from the matrices according to Bar-Hen et al. (2008) . PAUP 4.0 b 10 (Sinauer Associates, Sunderland, MA, USA) was used to compute the maximum parsimony trees by using a heuristic tree search with 500 replicates of random addition, tree bisection and reconnection as swapping algorithm. For the 1000 bootstrap pseudoreplicates, 15 replicates of random addition using the tree bisection and reconnection swapping procedure were performed. Along with these phylogenetic reconstructions, the maximum likelihood tree was calculated using PAUP 4.0 b 10 using the GTR þ I þ G model with bootstrap estimates from 100 iterations. Modeltest 3.7 software was used to select the model (Posada and Crandall, 1998) . Finally, neighbour-joining reconstructions were also computed using K2P model to check in depth the congruence among trees. An uncultured crenarchaeote (AJ347774) was used as outgroup (Supplementary Figures S2, S3 and S4 ).
Results and discussion
Biotic control of atrazine degradation function 13 C-atrazine degradation was faster in burrow linings than in bulk soil and casts (Figure 1) . After 8 days, 48%, 64% and 73% of the initial atrazine added were measured in burrow linings, bulk soil and casts, respectively (Figure 1 ). The associated final degradation rates were 2.1, 0.4 and 0.9 mg of atrazine per g per day, respectively. Thus, 8 days after atrazine treatment, atrazine degradation was still more efficient in burrow linings compared with the other soil microsites. Whereas hydroxyatrazine and deethylatrazine were detected at low concentrations in all soil microsites (at most 0.25 mg and 0.17 mg per g dry soil, respectively, data not shown), deisopropylatrazine was not detected. Thus, as already observed (Kersante et al., 2006; Monard et al., 2008b) , earthworm soil bioturbation impacted atrazine mineralisation kinetics, and our hypothesis is that this should be mainly explained by changes in the diversity of atrazine degraders in the engineered soil microsites.
Biotic control of atrazine degrader diversity After 2 days of 13 C-atrazine treatment, active atrazine degraders were only detected in burrow linings and corresponded to a unique phylotype highly similar to the strain Pelomonas aquatica (Figure 2 and Supplementary Figure S2A ). This b-proteobacteria isolated from industrial water in Sweden (Gomila et al., 2007) has not been described as an atrazine degrader before this.
After 8 days of 13 C-atrazine treatment, active atrazine degraders were detected in all soil microsites and their taxonomic composition varied greatly between the different soil samples (Figures 2 and 3) . The atrazine degraders in bulk soil were dominated by the Actinobacteria and the b-proteobacteria (46.2% and 28.6% of clones, respectively) ( Figures  2, 3 and Supplementary Figure S3) . Similar bacterial groups involved in atrazine degradation were detected in burrow linings, except for the notable absence of Chloroflexi. However, there were significant differences in the relative abundance of bacterial groups, and the communities were dominated by a-, b-and g-proteobacteria Bacterial diversity and function relationship C Monard et al Figure 2 Phylogenetic affinities of bacterial small-subunit (SSU) ribosomal RNA sequences recovered from 13 C-RNA in burrow linings at 2 days following atrazine treatment (purple) and from bulk soil (blue), burrow linings (red) and casts (green) at 8 days following atrazine treatment. The tree was computed by NJ using K2P model (scale bar: 0.1 substitution per site) of all the bacterial sequences amplified, with representatives of the highest BLAST hit of each phylotype and known atrazine degraders in orange.
Bacterial diversity and function relationship C Monard et al
Supplementary Figure S2B ). In casts, the atrazine degraders were greatly dominated by the Actinobacteria corresponding to a single phylotype closely related to Micrococcus luteus (72.5% of clones) (Figures 2, 3 and Supplementary Figure S4) . The loss of diversity in casts is consistent with the negative impact of earthworm soil digestion on the number of soil bacteria that has been recently observed by culture-independent methods (Monard et al., 2008b) . Earthworm bioturbation impacted active atrazine degrader diversity by modifying taxonomic group dominance (species evenness) and composition (species richness S) of these degraders (Figure 3) . Few previous studies have investigated the total bacterial diversity in soil microsites generated by earthworms. With both culture-dependant and culture-independent techniques, changes in total bacterial community diversity in burrow linings and casts relative to bulk soil have already been observed; the importance of particular bacterial groups being enhanced and that of others reduced in the different soil microsites depending on the initial soil and earthworm food resources (Furlong et al., 2002; Schonholzer et al., 2002; Tiunov and Dobrovolskaya, 2002; Egert et al., 2004) . In the present study, by analysing a specific function (that is, atrazine degradation), we demonstrated that earthworm bioturbation, by generating heterogeneity in soil, contributes to the maintenance of high atrazine degrader diversity, as some bacterial phylotypes were specific to soil microsites (the b-similarity index was low, ranging from 0.24-0.33 between earthworm soil microsites and bulk soil; Figure 3 ). Even if the a-diversity of the atrazine degraders was lower within the burrow linings and casts (H 0 ¼ 2.2 and 1, respectively), earthworm bioturbation enhanced the g-diversity over the soil microsites they generated (H 0 ¼ 2.7) (Figure 3) . A total of 45% of the total species richness was specific to earthworm soil microsites (Figure 3) . By acting on total soil bacterial diversity, earthworm bioturbation also modified specific functional diversity, such as atrazine-degrading bacteria as shown herein or methanotrophic bacteria as recently observed by Hery et al. (2007) .
Atrazine degrader diversity
The present paper shows that the atrazine degradation function was sustained by numerous different bacterial phylotypes, among which only two were already known as atrazine degraders (Ralstonia basilensis M91-3 and Pseudomonas sp. ADP, Mandelbaum et al., 1995; Stamper et al., 2002) ( Figures 2, Supplementary Figures S2, S3 and S4 ). The high diversity of active atrazine degraders, we report herein, may be explained by horizontal transfers of genes involved in atrazine degradation (Tam et al., 1987; de Souza et al., 1998b; Top and Springael, 2003 Figure 3 Abundance of the different bacterial phylogenetic groups retrieved in 13 C-RNA (active atrazine degraders) and in both 12 C-and 13 C-RNA (total active bacteria) expressed for each (a-diversity) and for all soil microsites (g-diversity). The specific richness S is expressed as the number of phylotypes, the diversity corresponds to the Shannon's information measure H 0 and the b-diversity is determined as the Sørensen's similarity index between earthworm soil microsites (burrow linings and casts) and bulk soil.
Bacterial diversity and function relationship C Monard et al the existence of horizontal gene transfer in bacteria is important to consider when focusing on the relationship between diversity and function, and must be taken into account when referring to existing macroecological theories. The accessory genome that is acquired in part by gene transfer and encodes specific ecological adaptation or function is independent of the core genome used to define the bacterial diversity , and horizontal gene transfer should induce the possibility of added function within the ecosystem, even with an apparent constant diversity . Thus, we cannot consider a functional trait as a proxy of species in microorganisms, and it can be concluded that the rivet hypothesis is a better fit for the bacterial world than other theories linking diversity and function.
Bacterial diversity-function relationship and earthworm biotic control Consistent with faster and sustainable atrazine degradation (Figure 1 ; F ¼ 18.26, Po0.001), active atrazine degraders were rapidly detected in burrow linings after 2 days of incubation (Figures 2 and Supplementary Figure S2A) . The corresponding phylotype, highly similar to P. aquatica, seemed to play a major role in atrazine degradation in this soil microsite. However, its presence alone might not be sufficient to enhance atrazine degradation, as it was detected in casts in which no enhanced degradation was observed (Figures 1 and 2) . The enhanced degradation in burrow linings might be a result of a consortium with a particular community composition, optimal for atrazine degradation and absent or not fulfilled in casts.
By comparing the atrazine degradation kinetics (Figure 1 ) and the number of atrazine degrader phylotypes retrieved after 8 days of incubation in the three soil microsites (Figures 2, Supplementary Figures S2B, S3 and S4) , no apparent linear relationship was observed between species richness and degradation function, despite that the sequencing depth was high enough to describe the diversity regardless the sample analysed (Supplementary Figure S1 ). Because atrazine degradation does not seem to depend on total atrazine degrader diversity, we can argue the existence of key atrazine degraders acting in a consortium. More than the quantitative diversity (the number of different degrading phylotypes), the qualitative diversity (identity and association of degraders) might be important to explain the changes in degradation kinetics. The highest yield of atrazine degradation observed in burrow linings was not associated with an increase in atrazine degrader diversity compared with the bulk soil. This cannot be explained by a better availability of the pesticide in burrow-linings, as atrazine supply was not limitative in all samples but this strongly suggests that the atrazine degraders are either more abundant or more active in this soil microsite. Previous studies have reported a concentration of atzA gene, the first key gene involved in atrazine degradation, in burrow linings as well as modification of atrazine-degrading gene expression after soil bioturbation by earthworms (Monard et al., 2008b (Monard et al., , 2010 . Considering all these elements, our study supports Walker's hypothesis that assumes coexistence of 'drivers' and 'passengers' referring to strong and low involvements in a given function, respectively (Walker, 1992) . Thus, higher efficient atrazine degraders, the 'drivers', should have been selected in burrow linings.
According to the insurance hypothesis (Yachi and Loreau, 1999) , high diversity may not enhance function over short term, but it may provide higher stability in the system over longer time periods. The apparent functional redundancy over small scales observed in this study may not be detected when the environment changes over larger spatial and time scales, as the species involved may be functionally differentiated (Rosenfeld, 2002) . The atrazine degrader diversity in the burrow linings evolved from 2 to 8 days of incubation, and the individual fitness of these bacteria should be expected to change in this changing environment.
As the link between atrazine degrader diversity and the atrazine degradation function differs among the different soil microsites, earthworm soil bioturbation exerts a biotic control on this relationship. This control might be mostly generated through modification of soil physicochemical properties induced by earthworms that leads to the formation of various ecological niches for soil bacteria (Lavelle, 1988) . Soil bacteria adapted to the local abiotic conditions at the micrometric scale within the microsite are not necessarily the most efficient at atrazine degradation. However, in the burrow linings that constitute an enriched microhabitat with higher organic matter, inorganic nitrogen and phosphorus, organic and total carbon (Parkin and Berry, 1999; Tiunov and Scheu, 1999; Jegou et al., 2001; Tiunov et al., 2001; Le Bayon and Binet, 2006) , and also an oxic soil hot spot, the physicochemical properties should be favourable for efficient atrazine degraders as already suggested by Monard et al. (2008b) . This increased atrazine-degrading activity might depend upon the presence of both efficient consortia and individual strains able to completely degrade atrazine such as Pseudomonas sp. ADP (Mandelbaum et al., 1995) whose related phylotype has only been detected in burrow linings (Figure 2) . Thus, soil spatial heterogeneity, as the one generated by earthworm bioturbation, is an important process in sustaining bacterial diversity as well as functional diversity. In this study, we show that keystone species in atrazine degradation were selected in specific microhabitats. We should therefore argue in a wider vision that we have to consider the soil as a mosaic of different biota. Future research programmes analysing soil metagenomics, for example, must consider this fact with care.
Conclusion
The present study brings new insight into microbial ecology and the relationship between bacterial diversity and the function it sustains. It is the first report on the biotic control of this link. Thanks to the RNA-based SIP technique, we identified specific soil bacteria actively involved in the atrazine degradation process and demonstrated that the function is performed by a variety of phylogenetically different bacteria. More than the quantitative diversity corresponding to the number of different phylotypes involved, we concluded that the qualitative diversity of bacterial consortia and thus keystone phylotypes are important to maintain function. Earthworm soil bioturbation, by creating soil heterogeneity, enhanced the g-diversity of bacteria, impacted the efficiency of the function studied and modified the diversity-function relationship among the soil microsites they generated. Future investigations are required to assess the ecological significance of such biotic control of the diversity-function relationship on ecosystem properties as well as on ecosystem services (such as soil detoxification) at larger scales. With regard to the microbial intrinsic abilities of short time generation, high-frequency gene transfer or high versatility between active and dormant stages, our results suggest that applicability of ecological theories to microbial ecology requires specific attention and new theoretical ideas.
